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ARTICLE INFO ABSTRACT

Keywords: Microalgal biomass is an emerging source of several health-related compounds, including polyunsaturated fatty
PUFAs acids. Herein, Chlorella vulgaris was cultivated heterotrophically in a 16-L stirred tank bioreactor. The lipid
Bioaccessibility oxidative stability and lipid bioaccessibility of the biomass harvested during the exponential and stationary
Oxidation

phases were evaluated. The biomass harvested during the stationary phase showed lower lipid oxidation than
that harvested during the exponential phase, likely due to the higher content of antioxidants in the former. In
both biomasses, the hexanal and propanal profiles showed only moderate increase over 12 weeks of storage at
40 °C, indicating good oxidative stability. Lipid bioaccessibility measured in an infant in vitro model was
0.66% = 0.16% and 2.41% = 0.61% for the biomass harvested during the exponential and late stationary
phases, respectively. This study indicates that C. vulgaris biomass can be considered as a stable and nutritious
(optimal w3:mw6 profile) source of essential fatty acids. Our results suggested that regarding lipid stability and
bioaccessibility, harvesting during stationary phase could be preferred choice. In general, treatment of the
biomass to increase lipid bioaccessibility should be investigated.

Chlorella vulgaris
Heterotrophic cultivation

1. Introduction

Microalgae are well known microorganisms for their high growth
rate and limited competition with existing agriculture since they can be
grown on non-arable land [1]. Microalgae can be grown in photo-
autotrophic mode: in presence of light and carbon dioxide, microalgae
obtain their energy through photosynthesis. Certain microalgae species
can grow also in heterotrophic conditions. In dark environments, mi-
croalgae need an additional organic carbon source (e.g., glucose, gly-
cerol) as an energy supply [2,3]. Species can be strictly photo-
autotrophic or heterotrophic or able to grow in both modes
(mixotrophic) (e.g., Chlorella vulgaris and Auxenochlorella proto-
thecoides) [4]. Heterotrophic cultivation has been shown to lead to
higher biomass productivity and can be thus considered to be more
sustainable than photoautotrophic based production so far [1].

Microalgal biomass is an emerging source of several nutrients and
health related compounds, such as polyunsaturated fatty acids (PUFAs),
proteins, vitamins and antioxidants. Only a few species are allowed to
be consumed as whole biomass in Europe according to EU Food reg-
ulation, including Chlorella vulgaris [5].

Microalgae lipids are divided into neutral lipids (triacylglycerides,
diacylglycerides, and sterol esters), mainly located in lipid droplets in
the cytoplasm or plastids, and polar lipids (phospho- and glycolipids),
which build the cellular membranes [6]. Microalgae are the primary
producers of PUFAs (w3- and w6-PUFAs), as microalgae contain the
desaturation enzymes (acyl-CoA desaturases, acyl-ACP desaturases, and
acyl-lipid desaturases) to produce these compounds [7]. C. vulgaris
contains significant amounts of PUFA: up to 1.5% and 3.7% linoleic
acid (LA, C18:2n6) and a-linolenic acid (ALA, C18:3n3), respectively,
are present in dried biomass [8]. These essential fatty acids are well
known to play a critical role in the growth and development of infants
and young children [9]. Microalgae nutrients profile makes them in-
teresting for infant nutrition applications.

One of the main issues related to PUFAs (w3 and w6) is that these
compounds are very susceptible to oxidation due to their large number
of double bonds. The oxidation process promotes the formation of off-
flavours and the loss of nutritional value [10]. Natural endogenous
antioxidants in microalgae, such as carotenoids and tocopherols, can
protect PUFAs from oxidation [11]. Additionally, maintaining the in-
tegrity of the whole cell structure in microalgae has been shown to
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protect lipids from oxidation during wet storage post-harvest [12].

However, the presence of an intact and resistant cell wall may limit
lipid bioaccessibility during digestion due to the presence of in-
digestible polysaccharides in the cell wall [13]. Only a few studies have
investigated the bioaccessibility of microalgal lipids either by in vitro
digestion model or by animal studies. An in vitro study on Isochrysis
galbana showed that lipid bioaccessibility in adult digestion was less
than 15% [14]. The in vitro bioaccessibilities of lutein and f-carotene
(lipophilic compounds) were measured to be 7% and 0%, respectively,
in C. vulgaris [15]. Lemahieu et al. studied w3-PUFAs enrichment of
eggs in laying hens fed with Nannochloropsis and Isochrysis [16]. These
researchers showed that less than 44% ®w3-PUFAs were effectively ac-
cumulated in the egg, with the highest enrichment obtained with mi-
croalgae biomass disrupted by high pressure homogenization at 100
MPa with 3-4 passes.

The cell wall mechanical stability, thickness and composition vary
significantly within and between microalgae species and may depend
on several process-related factors, such as the growth phase and har-
vesting time [17]. Reportedly, faster microbial growth leads to weaker
cell wall [17]. Moreover, Safi et al. [13] reported that the nascent cell
wall of C. vulgaris is usually thin and fragile, while the thickness in-
creases progressively in the developed stage. During starvation or
limited growth conditions, physiological signals may trigger the cells to
reinforce the cell wall to prepare for survival [17]. In addition, the
content of antioxidants may change over the growth, and therefore, the
oxidative stability of the biomass may change. Enrichment of en-
dogenous antioxidants was reported when harvesting a fermentation in
the stationary phase instead of the exponential phase [18].

To date, no researchers have investigated the variation of lipid
bioaccessibility and oxidative stability in microalgae biomass over the
growth. Moreover, the lipid bioaccessibility of microalgae biomass in
infants remains unknown. The aim of this study was to evaluate the
lipid bioaccessibility and oxidative stability of Chlorella vulgaris biomass
grown in heterotrophic conditions. In particular, this evaluation was
carried out in different phases of the growth of a controlled cultivation
process: the exponential, early stationary and late stationary phases. In
this study, we aimed to provide further insights regarding the har-
vesting time during the growth process, with a focus on the nutritional
and organoleptic aspects.

It was hypothesized that the oxidative stability of the microalgal
biomass may be influenced by the presence of antioxidants. Therefore,
biomass harvested in the stationary phase is expected to be more oxi-
datively stable than that harvested in exponential phase. Furthermore,
it is hypothesized that the lipid bioaccessibility is higher in exponential
phase biomass because of the weaker cell wall.

2. Material and methods

Materials were all standard analytical grade, except for the solvents
used for methods 2.6 and 2.7, which were High Performance Liquid
Chromatography (HPLC) grade. Chemicals and enzymes were pur-
chased from Sigma-Aldrich Chemie GmbH (Buchs, Switzerland). Pepsin
(P7000, Sigma-Aldrich) and pancreatin (8XUSP, P7545, Sigma-Aldrich)
were of porcine origin. Rabbit gastric extract (RGE) was provided by
Lipolytech (Marseille, France). Egg phospholipid was provided by
Cargill (Hamburg, Germany).

2.1. Microalgae and culture conditions

C. vulgaris (CCALA 256) was obtained from the Culture Collection of
Autotrophic Organisms in the Czech Republic. Cells were maintained
on sterile Bold's basal medium (BBM) at 25 °C, 150 rpm, and continuous
illumination at 36 pmol photons m~2 s~ ! in a shaking incubator (Infors
HT Multitron, Bottmingen, Switzerland).

The cultures were inoculated with 10% (v v_!) of an exponentially

growing inoculum (50 mL in 250-mL shake flasks). The cultures were
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subcultured axenically every 3 weeks for maintenance. The inoculum of
the C. vulgaris was prepared in BBM supplemented with 15 g L™! glu-
cose and grown in dark conditions at 25 °C for 48 h (log-phase growth)
at 150 rpm.

2.2. Bioreactor cultivation

Batch cultivation was performed in a 16-L laboratory bioreactor
(Bilfinger Industrial Technologies, Mannheim, Germany) with a
working volume of 10 L. The culture was inoculated with 10% (v v
exponentially grown inoculum. The temperature was set at 28 °C, the
stirring speed was 300 rpm, the dissolved oxygen tension was kept
above 75%, and aeration (4 L min ') was achieved with filter-sterilised
air. The pH was kept constant at 7 by automatic addition of H>SO4
(0.5 M) and NaOH (0.5 M). The medium used for growth was a mod-
ified BBM (nitrate concentration of 1.5 g L~ 1) enriched with 15 g L7t
glucose.

2.3. Experimental set-up

The medium composition and the cell growth were monitored with
three samplings per day, with the exception of glucose (every 3 h). The
fatty acid profile of the biomass was measured daily starting from day 2
due to biomass concentration limitations. Larger samples of biomass
were harvested at the middle exponential phase (day 2) and analysed
for lipid bioaccessibility, lipid oxidative stability, oxygen radical ab-
sorbance capacity (ORAC), pigments and lipid classes. An additional
sample harvested at early stationary phase (day 3) was analysed for
lipid bioaccessibility. Other analyses were not performed on this sample
due to the limited available biomass. The cultivation was kept for
4 days in stationary phase to study the effect of nutrient starvation on
lipid production. The lipid bioaccessibility, lipid oxidative stability,
ORAC, pigments, and lipid classes were measured in the biomass har-
vested during the late stationary phase (day 7). All the analyses were
performed on freeze-dried biomass (VirTis BenchTop Pro freeze-dryer,
Gardiner, NY, USA).

2.4. Determination of cell dry weight and glucose, nitrate, and phosphate
concentrations in the media

The performance of microalgae growth was monitored daily by
measuring the cell dry weight concentration (CDW). CDW was mea-
sured in duplicate by centrifuging 2 mL of culture (10,000 X g, 10 min).
Cells were washed with demineralised water. The weight of the dried
biomass was measured in Eppendorf tubes after 24 h drying at 105 °C.

The specific growth rate (u, h™') in the exponential phase was de-
termined according to Eq. (1) [19], where CDW, (g L™ and CDW,
(g L™1) are the cell dry weight concentration at t, and t;, respectively.
ty and t; are expressed in hours.

in(£22)
L—1t (€]

Glucose content was determined by online measurements with
HPLC (1200 system, Agilent Technologies, Basel, Switzerland). The
separation column used was an Aminex HPX-87H (300 X 7.8 mm, Bio-
Rad, Hercules, CA, USA). The sampling was performed every 3 h by
using the automatic system NUMERA (Securecell, Switzerland).

The biomass yield on glucose (Ycpw,, g g~ 1) was calculated using
the following Eq. (2), [20]:

CDW, — CDW;
G, — G, 2)

Yeowic =

where CDW,, CDW;, G,, G; are the concentrations of the cell dry
weight (g L™) at times 2 and 1 and the concentrations of glucose
(g L™Y) at times 2 and 1, respectively.
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The residual phosphate in the supernatant was measured according
to Dick and Tabatabai [21]. The residual nitrate content in the super-
natant was determined using the method proposed by Carpine et al.
[22]. Phosphate and nitrate were measured in duplicates.

2.5. Microalgae biomass composition analysis

The fatty acid profile was determined following the method of Burja
et al. [23], with certain adjustments. In brief, 30 mg of freeze-dried
biomass was mixed with 1 mL internal standard solution
(0.25 mg mL™?! methyl undecanoate (C11:0) and tritridecanoin
(C13:0)). After adding 2 mL of 1,5 N methanolic hydrochloric acid
solution, the tubes were closed hermetically and held at 100 °C for
60 min. After cooling, 2 mL of water was added. After centrifuging at
375 g per 5 min, the hexane phase, containing the fatty acid methyl
esters (FAMEs), was analysed by gas chromatography (GC) equipped
with a split-injection port and flame ionization detection (FID) (7890A,
Agilent Technologies, Basel, Switzerland). The following tempera-
ture-time programme was used: 50 °C (0.2 min), 50 °C-180 °C
(120 °C min~1), 180 °C-220 °C (6.7 °C min~1), 220 °C-250 °C
(30 °C min~ ") on a 70% cyanopropyl polysilphenylene-siloxane column
with a length of 10 m, i.d. of 0.1 mm, and film of 0.2 pym (BPX70, SGE
Analytical Science, Milton Keynes, UK). Peak identification was per-
formed by comparing the retention times with FAME standards (Nu-
Chek Prep. Inc., Elysian, USA). The peak areas were quantified with
OpenLab CDS VL software (Agilent Technologies, Basel, Switzerland).
The amount of each fatty acid was calculated based on the amount and
peak area of the internal standard. The determination of the fatty acid
content was performed in duplicate for each time point. Blank controls
(i.e., containing no sample) were used in each experiment. No fatty
acids were recovered from any of the controls.

The protein content was measured in triplicate according to Lowry
et al. [24] by pretreating samples at 100 °C for 10 min with 2 N NaOH.
This method was chosen over others (e.g., Bradford and Kjeldahl) as no
disruption pretreatment is required. Bovine serum albumin (BSA) was
used as the standard for calibration.

The carbohydrate analysis was performed in triplicate by the an-
throne method, according to Chen and Vaidyanathan [25].

2.6. Determination of lipid classes

2.6.1. Lipid extraction

A total of 100 mg freeze-dried microalgae biomass was mixed with
200 pL water for 30 s. Chloroform:methanol (2:1 v v~1, 3.8 mL) was
added, and the suspension was vortexed for 1 min at 530 x g and so-
nicated for 15 min at 40 °C. After centrifugation (530 X g, 10 min),
1 mL chloroform:methanol (2:1, v v 1) was added to the supernatant
and vortexed for 1 min. After centrifugation (530 xg, 10 min), 1 mL
potassium chloride solution (0.88% m v~ in water) was added to the
supernatant and vortexed for 1 min. After centrifugation (530 xg,
10 min), the organic phase (lower) was collected and the supernatant
was washed with 1 mL chloroform:methanol (2:1 v v™1) and vortexed
for 1 min. The organic phase was collected and pooled with the rest. A
washing step with 1 mL chloroform:methanol (2:1 v v™1) was repeated
twice. The organic phase was dried at room temperature under nitrogen
stream. The extraction was performed in duplicates.

2.6.2. High-performance liquid chromatography (HPLC) with evaporative
light scattering detector (ELSD) analysis

The lipid class profile was determined following the method of
Olsson et al. [26], with certain adjustments. The lipid extracts were
dissolved in 50 pL toluene:methanol:acetic acid:triethylamin
(600:400:0.02:0.001 v v~ !, mobile phase B), 950 pL n-heptane was
added, and the suspension was vortexed and sonicated at 40 °C for
5 min. The suspension was vortexed for 1 min and centrifuged for 4 min
at 10,000 xg. The supernatant was injected in HPLC-ELSD (injection
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volume 50 pL). Chromatography was performed on a Reprosil-Pur
UP5CN-250/046 250 X 4.6 mm i.d. with 5 pm particles with a
10 X 4.6 mm guard column of the same material (Interchim, Mon-
tlugon, France). The following binary gradient elution system was used
at a flow rate of 1.0 mL min ' and at 400 bar pressure: 100% solvent A
(3 min), 60% solvent A, 40% solvent B (17 min), 50% solvent A, 50%
solvent B (4 min), 100% solvent A (1.5 min). A 1290 Infinity II eva-
porative light scattering detector (Agilent Technologies, Basel, Swit-
zerland) was used with an evaporator temperature of 40 °C, nebulizer
temperature of 80 °C, and gas flow rate of 1.60 SLM. The analysis was
performed in triplicates.

2.7. Lipid oxidation

2.7.1. Storage

The freeze-dried microalgae biomass harvested in the exponential
and late stationary phases was stored in amber screw-cap vials (0.2 g),
hermetically sealed and stored for 12 weeks at 40 °C. At this tem-
perature, the lipid oxidation process is faster than that at room tem-
perature without alterations in the oxidation pathways [11]. Ten dif-
ferent time points (weeks 0, 1, 2, 3, 4, 5, 6, 7, 8, and 12) were evaluated
in terms of secondary oxidation. All the vials were stored at —20 °C
until analysis to avoid further oxidation.

2.7.2. Determination of secondary oxidation

The secondary oxidation of the freeze-dried biomasses was eval-
uated according to the method of Rohfritsch et al. [27], with certain
adjustments. The biomass (0.2 g) was dissolved in 2 mL chloroform/
methanol (1:2, v v_1). The sample weight was normalised according to
the fat content of the cells in the exponential or stationary phase. The
samples were mixed with a horizontal shaker (Sigma laboratory cen-
trifuge 4K15C, Fisher Scientific, Reinach, Switzerland) at 2500 rpm for
10 min. The sample supernatant (100 uL) was combined with 100 pL 7-
(diethylamino)-2-oxochromene-3-carbohydrazide (CHH) for 1.5 h of
derivatization at 37 °C and 1400 rpm using a thermomixer (Comfort,
Eppendorf, Schénenbuch, Switzerland). After derivatization, the sample
was diluted with 100 pL acetonitrile and centrifuged at 2500 xg
(20 °C), and the supernatant was used for injection in ultra-performance
liquid chromatography (UPLC) (Dionex UltiMate 3000 system, Thermo
Scientific, Basel, Switzerland) - QExactive Plus (Thermo Scientific,
Basel, Switzerland) system. The analysis was performed in duplicates.
The identification of the volatile carbonyl compounds was based on the
exact mass in full scan mode, the retention times, and the MS/MS
fragmentation. The software Xcalibur (version 2.2) was employed for
analysis. Volatiles originating from lipid oxidation were selected as
indicator [27]: 3-hexenal, propanal, (Z,Z)-3,6-nonadienal, (E,Z)-2,4-
heptadienal (from w-3 fatty acids degradation pathways), hexanal and
2,4-decadienal (from w-6 fatty acids degradation pathways), and (E)-2-
decenal (from -9 fatty acids degradation pathways). The response
factors of the identified volatiles were obtained by dividing the area of
the volatiles by the area of the internal standard hexanal-d,,.

2.8. Pigment analysis

Chlorophyll (a and b) and carotenoids contents in the biomass were
determined in triplicate using a spectrophotometric method, following
the procedure described by Pruvost et al. [28].

2.9. Oxygen radical absorbance capacity

The hydrophilic oxygen radical absorbance capacity (H-ORAC) was
measured according to Huang et al. [29]. The lipophilic ORAC (L-
ORAC) was measured according to Huang et al. [30]. Both ORAC assays
are based on the same principle; a fluorescent probe is oxidized by the
addition of a free radical generator (APPH) that quenches the fluor-
escent probe over time. The antioxidants present in the sample block
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the generation of free radicals until the antioxidant activity of the
sample is depleted. The analysis was performed in duplicates on freeze-
dried biomass.

2.10. Determination of lipid bioaccessibility

The lipid bioaccessibility was determined by an infant in vitro di-
gestion model, as described in Ménard et al. [31], with certain slight
modifications. Bile salt mix stock solution (65.7 mM) was prepared in
Tris Buffer (2 mM, pH 6.8) with the following salts: sodium taur-
ocholate (27.6 mM), sodium taurochenodeoxycholate (17.1 mM), so-
dium glycocholate hydrate (14.5 mM), and sodium glycohenodeox-
ycholate (6.6 mM). In brief, 1.22 g of freeze-dried microalgae biomass
was suspended in 9.4 mL demineralised water. The suspension was then
mixed with simulated gastric fluid (pH 5.5), containing pepsin
(450 U m L™1), rabbit gastric lipase (18 U m L™1), bile salt mix
(0.037 mM), and egg phospholipids (0.045 mM), and incubated for 1 h
in a water bath at 37 °C with stirring at 400 rpm. Subsequently, si-
mulated intestinal fluid (pH 6.5) containing pancreatin (84 USP m L™ h
and bile salt mix (1.22 mM) was added, and the sample was incubated
for 2 h at 37 °C. The digesta was ultracentrifuged (12,500 x g, 30 min,
4 °C, Optima XPN-80, Beckman Coulter, Fullerton, CA, USA), resulting
in an aqueous phase, i.e., the micellar phase, and an insoluble pellet. All
the samples (digest, micellar phase, and pellet) were lyophilized and
analysed in terms of lipid composition as described earlier (see Section
2.5). The digestion was performed twice. The lipid bioaccessibility was
determined according to the following equation [14]:

Total fatty acids in micellar phase

Lipid bioaccessibility (%) = — —
Total fatty acids in sample before digestion

3)

3. Results and discussion

3.1. Heterotrophic cultivation of C. vulgaris under controlled conditions:
biomass production and nutrient uptake

The biomass growth and nutrient uptake of C. vulgaris heterotrophic
batch cultivation in a stirred tank bioreactor is shown in Fig. 1. The
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Fig. 1. COW (M, g L™ "), nitrate (¢, mg L™"), phosphate (A, mg L™ '), and
glucose (@, g L™ 1) concentration over time in an industrially relevant 16-L pre-
pilot scale batch cultivation of heterotrophic C. vulgaris. The harvesting time for
the exponential (day 2), early stationary (day 3) and late stationary (day 7)
phases is reported. Error bars represent the deviation between duplicate mea-
surements (n = 2).
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culture showed a one day lag phase, followed by a two-days exponential
phase, when an 8.90 + 0.07 g L~ CDW was reached. After 4 days of
starvation, the CDW decreased to 7.12 + 0.32 g L™, indicating
catabolic functions and probably partial cell death.

The glucose concentration in the growth medium was measured
every 3 h. Such high resolution monitoring allowed unequivocal and
accurate determination of the time when the glucose was depleted,
which corresponded to the start of the stationary phase of the cultiva-
tion. The nitrate and phosphate showed similar uptake rates. Moreover,
the nitrate and phosphate in the medium were simultaneously depleted
with glucose after 2.8 days.

Based on the medium composition and CDW data from this strictly
controlled process, samples for further analysis were taken after 2, 3
and 7 days, and identified as the exponential, early stationary and late
stationary phases, respectively.

The specific growth rate during the exponential phase was calcu-
lated to be p = 0.051 h™!, which is in the upper range of that reviewed
by Daliry et al. [32] for C. vulgaris optimal growth, ranging between
u = 0.036 h ' and p = 0.051 h™ . The specific growth rate obtained in
this study was much higher than what reported by Morowvat et al. for
C. vulgaris in heterotrophic conditions, going from u = 0.001 h™? to
p = 0.004 h~1[33].

The biomass yield on glucose of the whole process was Ycpw,
¢ = 0.47 g g7 ', which is comparable to that found by Singhasuwan
et al. [20] for the heterotrophic cultivation of C. vulgaris, ranging be-
tween Yepw,g = 0.47 g g7 * and Yepw,g = 0.65 g g~ 1. The growth
parameters showed a competitive process; however, cultivation condi-
tions could be improved further to reach higher productivities, which
was not in the scope of this study.

3.2. Biomass composition

3.2.1. Lipid, protein and carbohydrates

The dried biomass composition showed slight changes over growth
(Table 1). These results are expressed as a percentage of dry matter, as
data were corrected for the moisture content (5-6%).

In general, approximately 80% of the biomass composition can be
analysed as lipid, carbohydrates and protein. The residual (ca. 20%)
biomass consists of pigments, ashes, DNA and RNA [34].

The main constituent of the dried biomass was characterised by
carbohydrates, which decreased over growth (from 63.7% = 1.6% to
52.1% =+ 1.6%). Usually, approximately 10% of the total carbohy-
drates comprises cell wall polysaccharides [35], while the remaining
carbohydrates are storage polysaccharides, such as starch and chryso-
laminarin [13]. The decrease in the carbohydrate content was probably
due to conversion to other nutrients, such as lipid and protein and to
catabolic functions during starvation.

The protein content increased from 155% =* 0.5% to
20.2% = 0.4% at day 6. This result could be due to two reasons. First,
cells might have synthetized protein even though the nitrate in the
medium was depleted after 2.8 days, probably by converting the in-
tracellular storage of nitrogen into protein [36]. Second, cells in

Table 1
Biomass composition expressed as percentage of dry matter from day 2 to day 7
of cultivation. Measured components were lipid, protein and carbohydrates.
Errors represent the standard deviation between triplicate measurements
(n = 3).

Day Lipid (%) Protein (%) Carbohydrates (%)
2 69 = 0.2 155 = 0.5 63.7 + 1.6
3 6.7 = 0.1 145 = 1.7 63.2 = 29
4 7.4 = 0.3 15.6 = 0.6 58.1 + 3.0
5 7.8 £ 0.1 18.8 = 0.1 58.1 + 1.3
6 83 + 0.2 20.2 + 0.4 56.7 + 3.9
7 81 * 0.1 19.2 = 0.9 52.1 + 1.6
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in exponential (day 2) and late stationary (day 7) phases are shown in b). Error bars represent the standard deviation between triplicate measurements (n = 3).

starvation may have started consuming intracellular carbohydrates
depositories, which could have increased the relative fraction of protein
in the dried biomass. This second theory agrees with the decrease in
CDW between days 3 and 7.

The lipid content varied between 6.7% and 8.3%. In the literature,
the lipid content of C. vulgaris significantly differs, ranging in values
between 5% and 60% [35]. This variation is strongly dependent on the
cultivation conditions, as the biomass composition can be modified by
adjusting the growth conditions, such as temperature, nitrogen and salt
concentration [6]. The lipid content increased from 6.7% * 0.1% to
8.1% = 0.1% after nutrient depletion (at day 2.8). Indeed, the mi-
croalgae continued to grow and explicate their function even after
macronutrient (glucose, phosphate and nitrate) depletion. Nutrient
limitations can trigger lipid metabolism by converting intracellular
compounds. To obtain a biomass with higher lipid content, optimised
carbon to nitrogen (C/N) could be investigated [32].

3.2.2. Fatty acid profile and lipid classes

The fatty acid composition of the biomass consisted of palmitic acid
(C16:0), stearic acid (C18:0), oleic acid (C18:1), linoleic acid (LA,
C18:2n6), and a-linolenic acid (ALA, C18:3n3) (Fig. 2a). The linoleic
acid content almost doubled from day 2 of cultivation (1714 * 34 mg/
100 g) to day 7 (3256 * 30 mg/100 g). The oleic acid concentration
decreased from 1953 + 54 mg/100 g to 1198 * 54 mg/100 g. This
result showed the conversion of oleic acid into linoleic acid, which is
catalysed by a A12 desaturase (FAD2) [37]. The lipid fraction of bio-
mass harvested in the stationary phase (day 7) contained 19.7% and
40.3% of w3-PUFAs and w6-PUFAs, respectively. These fractions
yielded a w3:w6 ratio of approximately 1:2. The w3:w6 ratio in the
biomass harvested in exponential phase was calculated to be 1:1.3. Both
®3:w6 ratio values fit within the optimal range (from 1:1 to 1:4) ac-
cording to nutrition studies regarding preventing effects towards
chronic diseases [38].

The lipid classes were measured in samples harvested during the
exponential (day 2) and late stationary phases (day 7) (Fig. 2b). Neutral
lipids accounted for more than 88.0% of the total lipids in the ex-
ponential phase and increased up to 96.4% =+ 1.4% at the end of
stationary phase. In contrast, the polar lipids decreased from
11.1% =+ 1.3% during the exponential phase to 3.6% = 1.4% during
the stationary phase. This result agrees with that of Gheysen et al. [11],
where it is reported that heterotrophic grown microalgae contained
mostly (more than 94%) neutral lipids, while in photoautotrophic
algae, only 41-50% of the total lipids were neutral. The polar lipid
(constituents of membranes) content was higher during the exponential
phase, when the cells were growing and building biomass. Nitrogen

starvation, which started after the end of the exponential phase, is
known to induce neutral lipid accumulation in lipid droplets and de-
gradation of photosynthetic membranes [39].

3.3. Oxidative stability

To evaluate the oxidative stability of the biomasses harvested at
different growth stages, we determined the secondary oxidation in the
biomasses subjected to an accelerated shelf life study. To better un-
derstand the difference in the secondary oxidation, the oxygen radical
absorbance capacity (ORAC) and lipophilic pigments with the anti-
oxidant activity (chlorophyll and carotenoids) were measured.

3.3.1. Lipid oxidation

The formation of secondary oxidation products was investigated
after storage at 40 °C for 12 weeks (Fig. 3). Several volatiles were
monitored (Section 2.7); however, here, only hexanal and propanal are
shown, as targeted degradation products of LA (C18:2,n6) and ALA
(C18:3,n3), respectively [40]. In Fig. 3, the hexanal and propanal
profiles for the biomass harvested during the exponential and late sta-
tionary phases are shown. At week O, the signal of the volatiles was
clearly higher in the biomass harvested during the exponential phase
than that during the stationary phase. This result may indicate that
partial lipid oxidation could have already occurred in the biomass
harvested during exponential phase before storage, e.g., in the drying
step. Importantly, in both biomasses, the hexanal and propanal profiles
showed only moderate increases over 12 weeks of biomass storage,
indicating good oxidative stability. The presence of an intact cell wall
likely contributed to lipid stabilization, as shown by Balduyck et al.
[12].

Hexanal is characterised by a fishy and grassy flavour, while pro-
panal has an earthy odour [27]. Technical blind sniffing was performed
on the same samples by an untrained panel (4 members). Sensory as-
sessment is generally considered the preferred method to measure the
flavour changes in oils [41]. The sensory outcomes confirmed analytical
data. Overall, neither the exponential nor the stationary biomasses
showed major lipid oxidation over 12 weeks of accelerated shelf-life,
confirming the oxidative stability. The exponential biomass was de-
scribed by a slightly stronger cheese-like flavour than that of the sta-
tionary biomass after 12 weeks of storage. This result is consistent with
the greater signal intensities of hexanal and propanal found in the ex-
ponential biomass after 12 weeks of storage (1.616 area hexanal/area
IS and 1.422 area propanal/area IS) than that of the stationary phase
(0.820 = 0.049 area hexanal/area IS and 0.558 = 0.042 area pro-
panal/area IS). In future research, a powder (e.g., maltodextrin) system
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Fig. 3. Evolution of secondary oxidation products - a) hexanal and b) propanal - during 12 weeks of storage at 40 °C for C. vulgaris biomass harvested during the
exponential (day 2, light grey) and late stationary phases (day 7, dark grey). Error bars represent the deviation between duplicate measurements (n = 2).
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(light grey) in dried biomasses harvested in exponential (day 2) and late sta-
tionary (day 7) phases. Error bars represent the standard deviation between
triplicate measurements (n = 3).

containing w3-PUFAs and w6-PUFAs could be included as a reference.
Additionally, the disrupted biomass could be included as positive con-
trol, as greater and faster lipid oxidation is expected in such a system.

The lipid class distribution may impact the oxidative stability of the
whole system. The role played by polar lipids in oxidative stability is
debatable and depends on several factors: type of polar lipid (e.g.,
glycol- vs phospholipids), type of side chain moieties [42], and matrix
[43]. The higher fraction of polar lipids, mainly represented by phos-
pholipids, during the exponential phase could have already contributed
to the higher signal of the volatiles at time 0, compared with the bio-
mass harvested during the stationary phase. Phospholipids have been
reported to act as prooxidants, as phospholipids can serve as oxidation
substrates themselves (especially in foods containing significant
amounts of biological membranes, such as meats). Oxidation is trig-
gered because of the significant unsaturation of phospholipids (to pre-
serve membrane fluidity) and the presence of negative charges that
attract prooxidant metals [44]. On the other hand, phospholipids may
have antioxidant capacity due to their ability to chelate prooxidative
metals, regenerating primary antioxidants (e.g., carotenoids and toco-
pherols) and changing the location of the primary antioxidants [43].
Therefore, the fatty acid distribution in the lipid classes may have af-
fected the different secondary oxidations of the exponential and

stationary biomasses at time 0, although it cannot be clearly established
in which direction.

To obtain a deeper understanding of the difference between the
secondary oxidations of the exponential and stationary biomasses, we
investigated other factors that may have played roles, such as the ORAC
and chlorophyll and carotenoids contents.

3.3.2. Pigments

Carotenoids are among the most efficient natural scavengers of
oxygen and can retard oxidation by scavenging free radicals [44]. In a
previous study reported by Gheysen et al. [45], endogenous carotenoids
were shown to play a predominant role in maintaining the lipid oxi-
dative stability of microalgae biomass, compared with the roles of
phenolic compounds, tocopherols and ascorbic acid.

Chlorophyll is a pigment present in microalgae in two forms, a and
b. Chlorophyll has been associated with either pro- or antioxidant ac-
tivity depending on the matrix and conditions. Chlorophyll a and the
degradation products of chlorophyll a, being photosensitive, are well-
known prooxidants under light conditions. However, chlorophyll can
act as an antioxidant in dark conditions, as reported by Lanfer-Marquez
et al. [46]. The antioxidant activity of chlorophyll was explained by the
ability to protect linoleic acid against oxidation and/or preventing de-
composition of hydroperoxides [46].

Fig. 4 shows the amounts of carotenoids and total chlorophyll
(a + b) expressed as ug per mg of dried biomass.

The carotenoids content increased from 0.47 =+ 0.15 pg mg~
during the exponential phase to 1.05 * 0.15 pg mg~! during the
stationary phase. The same trend was observed for the total amount of
chlorophyll. The exponential biomass contained 2.07 * 0.51 pug mg~!
chlorophyll, while the stationary biomass showed
4.31 + 0.91 ugmg~'. The increases in the amounts of carotenoids and
chlorophyll from the exponential to stationary phase may have been
triggered by stress conditions due to nutrient depletion [47].

The higher content of carotenoids may have contributed to the
lower secondary oxidation of the biomass harvested during the sta-
tionary phase compared with that harvested during the exponential
phase. Even though chlorophyll was reported to have lower capacity to
maintain oxidative stability than carotenoids [46], chlorophyll might
have played a protective role against lipid oxidation, as our study was
performed in dark conditions.

1

3.3.3. Oxygen radical absorbance capacity
The oxygen radical absorbance capacity (ORAC) has been widely
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applied to characterise the antioxidant capacity of pure or complex
compounds [48]. The ORAC assay measures the antioxidant scavenging
activity against oxygen radicals. The ORAC consists of the L-ORAC and
H-ORAC, based on the lipophilic and hydrophilic antioxidant com-
pounds, respectively. Fig. 5 shows the H-ORAC and L-ORAC of the
biomasses harvested during the exponential and late stationary phases.

The H-ORAC was higher in the late stationary phase
(2200 *= 43 pmol TE/100 g) than in the exponential phase
(1564 =+ 320 pumol TE/100 g). In contrast, the late stationary phase
showed lower L-ORAC (2134 + 373 umol TE/100 g) than the ex-
ponential phase (4076 * 391 pumol TE/100 g), which led to a lower
total ORAC in the late stationary phase. The measured ORAC in C.
vulgaris biomass in this study is comparable with that found in
Dunaliella salina and Tetraselmin chui by Ahmed et al. [49]. The car-
otenoids, as lipophilic oxygen scavenging compounds, probably con-
tributed to the L-ORAC [50]. However, a greater content of carotenoids
was found in the stationary phase, when the L-ORAC was lower. This
result suggests that other compounds, such as tocopherols, might have
significantly contributed to the L-ORAC [51]. The increase in the H-
ORAC from the exponential to stationary phase might contribute to the
lesser oxidation of the biomass harvested in the stationary phase.

In general, the ORAC does not seem to be the only factor that could
explain the oxidative stability, as discussed by Lv et al. [48]. A sy-
nergistic effect of different antioxidant compounds likely contributed to
the great stability of microalgae biomass powder over 12 weeks of ac-
celerated shelf-life and to the different degrees of volatile formation of
the biomasses harvested during different growth phases.

3.4. Lipid bioaccessibility

Only a handful of studies are available in the literature on lipid
bioaccessibility in microalgae. Moreover, no studies have investigated
the lipid bioaccessibility in microalgae by using infant in vitro digestion.
In our study, the lipid bioaccessibility was found to be lower than 2.5%,
indicating a poor accessibility of lipids during digestion (Fig. 6). Our
results are lower than that of Bonfanti et al. [14] by using an adult in
vitro digestion model for another microalgae, Isochrysis galbana, where
lipid bioaccessibility was measured as between 7% and 15%. This result
could be due to the lower concentration of digestive enzymes and more
neutral pH used in infant digestion [31].

The lipid bioaccessibility was higher in the biomass harvested in the
stationary phase compared with that of the exponential phase. In the
exponential phase biomass, 0.66% = 0.16% of the total lipids was
bioaccessible, while 2.10% =+ 0.13% and 2.41% =+ 0.61% were
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bioaccessible in early and late stationary biomasses, respectively. From
our results, factors other than the cell wall thickness, which is expected
to be thicker in the stationary phase [6], affected the bioaccessibility of
the lipids.

Older cells, being in the stationary phase, may be more damaged
and therefore more prone to breakage and release of intracellular
compounds during digestion. Bensalem et al. [52] studied lipid ex-
traction in Chlamydomonas reinhardtii over growth. These researchers
found that cells that were stressed for longer times had cell walls with
more layers but also a higher lipid extraction efficiency. Additionally,
greater cell lysis upon solvent extraction was observed in older cultures,
which agrees with our results. The limited lipid bioaccessibility sug-
gests the need for pre-treatment of the biomass to enhance the release
of nutrients during digestion.

4. Conclusions

C. vulgaris was cultivated heterotrophically in an industrially re-
levant 16-L pre-pilot scale stirred tank bioreactor. The biomass showed
an ideal oxidative stability over 12 weeks of accelerated shelf-life. This
study indicates that C. vulgaris biomass can be considered to be a stable
and nutritious (optimal w3:w6 profile) source of essential fatty acids.
Our results suggested that regarding lipid stability and bioaccessibility,
harvesting during the stationary phase could be preferable, which also
agrees with the economic feasibility and sustainability of the fermen-
tation. In general, biomass treatment to increase the lipid bioaccessi-
bility should be considered and investigated.
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