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ABSTRACT

The inconsistency of available methods and the lack of harmonization in current microplastics (MPs) analysis in
soils demand approaches for extraction and quantification which can be utilized across a wide variety of soil
types. To enable robust and accurate assessment of extraction workflows, PET MPs with an inorganic tracer
(Indium, 0.2% wt) were spiked into individual soil subgroups and standard soils with varying compositions. Due
to the selectivity of the metal tracer, MPs recovery rates could be quickly and quantitatively assessed using ICP-
MS. The evaluation of different methods specifically adapted to the soil properties were assessed by isolating MPs
from complex soil matrices by systematically investigating specific subgroups (sand, silt, clay, non-lignified and
lignified organic matter) before applying the workflow to standard soils. Removal of recalcitrant organic matter
is one of the major hurdles in isolating MPs for further size and chemical characterization, requiring novel ap-
proaches to remove lignocellulosic structures. Therefore, a new biotechnological method (3-F-Ultra) was
developed which mimics natural degradation processes occurring in aerobic (Fenton) and anaerobic fungi
(CAZymes). Finally, a Nile Red staining protocol was developed to evaluate the suitability of the workflow for
non-metal-doped MPs, which requires a filter with minimal background residues for further chemical identifi-
cation, e.g. by pFTIR spectroscopy. Image analysis was performed using a Deep Learning tool, allowing for
discrimination between the number of residues in bright-field and MPs counted in fluorescence mode to calculate
a Filter Clearness Index (FCI). To validate the workflow, three well-characterized standard soils were analyzed
applying the final method, with recoveries of 88% for MPs fragments and 74% for MPs fibers with an average FCI
of 0.75. Collectively, this workflow improves our current understanding of how to adapt extraction protocols
according to the target soil composition, allowing for improved MPs analysis in environmental sampling
campaigns.

1. Introduction

link MPs accumulation to biological hazards (Campanale et al., 2020;
Rillig et al., 2017; Selonen et al., 2020), thus enabling a more complete

Although impacts of microplastics (MPs) in terrestrial environments
are not completely understood, monitoring for the presence of MPs is of
high importance to assess the current burden of MPs in the environment
and track how concentrations change over time. The input of MPs into
soils have been estimated to be 40 times greater than in freshwater
bodies (Kawecki and Nowack, 2020), mostly because there is a large
load coming from compost and sludge application onto land, mulching
plastics, littering, street runoff and atmospheric deposition (Blasing and
Amelung, 2018). Understanding environmental exposure is important to
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risk assessment (Mitrano and Wohlleben, 2020). Eventually, the goal
would be to establish targeted legislative measures to limit MPs in soils.
This is especially important in instances where direct additions may
occur, such as recycled fertilizer applications.

Current sample and methodological biases make it inherently diffi-
cult to directly compare data on the occurrence of MPs in soils obtained
with different protocols. Implicit to accurately quantifying MPs expo-
sures in terms of MPs number, size and chemical composition is the
establishment of harmonized extraction and characterization protocols
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to prevent under or overestimations of MPs concentrations in a given
sample. A plethora of approaches have been suggested for the extraction
of MPs from soils (Fuller and Gautam, 2016; Grbic et al., 2019; Han
et al.,, 2019; Loder et al., 2017; Scopetani et al., 2020), where the
workflow typically follows the procedure of 1) sample collection, 2) MPs
extraction and 3) detection and chemical identification. For the latter
step, microscopy Fourier-transform infrared microspectroscopy (u-FTIR)
or Raman microspectroscopy (p-Raman) are used to simultaneously gain
information about particle number, size, and chemical composition.
These techniques are promising because they are non-destructive and
the measurements can be automated in an analysis pipeline (Primpke
et al., 2020; Primpke et al., 2017; Primpke et al., 2018). With the
establishment of open-source spectral databases, such as siMPle
(Primpke et al., 2018) or Open Specy (Cowger et al., 2020), it is expected
that increasingly accurate spectral data will be available in the future.
Nevertheless, these chemical imaging approaches require a filter free
from non-target particles (e.g. sand, organics, etc.) as overlays may
occur and which interfere with proper analysis (Loder et al., 2017).
Consequently, extraction steps are essential for further spectroscopic
detection methods.

At the outset of monitoring environmental concentrations of MPs,
research was focused on assessing aquatic environments while terres-
trial compartments were comparatively neglected (Ruggero et al., 2020;
Wu et al., 2019). Although current methods for both MPs extraction and
characterization are not yet standardized, there have been a number of
inter-laboratory studies to assess the suitability of these techniques,
particularly in water samples (Miiller et al., 2020). Researchers have
attempted to adopt extraction methods for measuring MPs in aqueous
samples to be applied to soil samples, but the complex nature of soils are
often overlooked (Thomas et al., 2020). Soils pose a significant chal-
lenge for MPs extraction because it is a heterogeneous mixture of inor-
ganic and organic compounds, the compositions of these different
components can vary widely (Da Costa et al., 2018), and the soil char-
acteristics may influence the extraction efficiency (Radford et al., 2021).
Therefore, in this study, the focus was explicitly placed on validating
targeted extraction methods by systematically investigating single pre-
selected soil subgroups (sand, silt, clay, non-lignified and lignified
organic matter) to establish extraction chains for multi-component
standard soils.

For the elimination of inorganic compounds, different approaches
have been described in literature. Density and lipophilic separation can
remove sand and silt, and subsequent filtration through stainless-steel
filters can remove clay. The density of the flotation solution can be
enhanced with different salts to separate denser mineral particles from
less-dense MPs (Han et al., 2017). Lipophilic separation is another
commonly used approach (Crichton et al., 2017; Mani et al., 2019;
Scopetani et al., 2020), where the non-polar lipophilic component of the
fatty acids in oils enable a bond with the non-polar lipophilic carbohy-
drate surface of synthetic polymer fragments (Mani et al., 2019). Soils
with high organic contents pose the greatest challenge for isolating MPs
and studies have reported that organic matter (OM) remaining on the
MPs and/or filter after extraction can hinder proper chemical imaging
and polymer identification when MPs are analyzed by spectroscopic
techniques (Loder et al., 2017; Moller et al., 2021). Various approaches
have been suggested, such as treatment with acid (Dehaut et al., 2016)
or alkali (Hurley et al., 2018), oxidants (Nuelle et al., 2014) or enzymes
(Loder et al., 2017), but they are either too strong and subsequently
damage the polymers (Scheurer and Bigalke, 2018) or insufficiently
remove OM, leaving OM residues on the MPs or filters which hinders
subsequent chemical identification (Loder et al., 2017).

Certain fungi are known to degrade lignocellulose and thus the
concept of mimicking natural degradation processes in the context of
removing OM during MPs extraction and purification steps is promising.
Lignin is difficult to chemically degrade due to the chemical complexity
of its core structures. The biosynthesis is based on radical reactions of
phenolic cinnamyl alcohols, resulting in a natural polymer that is
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arbitrarily linked and can therefore not be hydrolyzed (Kubicek, 2012).
White rot fungi (WRF) have an oxidative ligninolytic system with
various peroxidases, yet also include non-enzymatic mechanisms (Call
and Miicke, 1997). Fenton-reaction is one of the non-enzymatic degra-
dation processes appearing in WRF. Radicals produced by Fenton cause
a series of cleavages by non-specifically attacking polysaccharides and
lignin. This facilitates the enzymes to penetrate cell walls. In addition to
aerobic fungi, anaerobic fungi have been found to be able to degrade
plant biomass in the gastrointestinal tract of ruminants (Dollhofer et al.,
2015). They colonize OM, such as straw fibers, and penetrate their
surface thanks to rhizoidal growth and can subsequently degrade plant
carbohydrates through a variety of carbohydrate-active enzymes
(CAZymes) (Gruninger et al., 2018). CAZymes transcribed in sequenced
anaerobic fungal isolates include different kinds of cellulases, hemi-
cellulases, carbohydrate esterases, pectin lyase, pectin esterase and
other enzymes (Gruninger et al., 2018). These cellulolytic enzymes can
degrade the major hemicellulose components of plant cell walls, but not
lignin (Berg and McClaugherty, 2014). By combining both processes of
non-enzymatic radical attack from Fenton (as in aerobic fungi) and the
use of CAZymes from anaerobic fungi, we propose a new approach to
degrade lignocellulose to better isolate MPs in soils during an extraction
workflow.

The aim of this work was to 1) systematically establish suitable
extraction methods for extracting MPs in individual soil subgroup
components in order to identify bottlenecks and improve individual
extraction steps, 2) enable quick and quantitative recovery measure-
ments in terms of plastic mass by using metal-doped PET MPs fragments
and MPs fibers to circumvent the need for using challenging and not yet
standardized plastic detection methods by spectroscopic techniques
during the development of the extraction protocol, thus avoiding
transmissible errors in the MPs analysis chain, 3) maximize the elimi-
nation of natural particles and obtain a filter with minimal residues
necessary for further examination of non-doped MPs with chemical
imaging instruments (e.g. pFTIR-microscope) and 4) ensure that the
polymers were not altered and can be chemically identified after the
extraction procedure. This methodological approach provides a new
perspective for the validation of extraction methods specifically target-
ing soil constituents, where individual steps can be easily substituted for
optimization depending on the target soil composition.

2. Materials and methods
2.1. Model metal-doped MPs fragments and fibers

Polyethylene terephthalate (PET) fragments (125-250 pym) and fi-
bers (@ 30 pm, 0.5-2,0 mm length) with an inclusion of 0.2% w/w In-
dium were developed in house to assess the extraction workflow, where
the metal was measured as a proxy for plastic using ICP-MS. In two steps,
PET (#5997, density 1.4 g/cm3, by Serge Ferrari Tersuisse AG,
Switzerland) was melt-mixed with InyO3 nanoparticles (Nanographi,
16-68 nm diameter) in a co-rotating 36 L/D twin screw extruder (Collin
Lab & Pilot Solutions GmbH, Germany). First, 5 wt% In,O3 was mixed
with 95% PET, followed by a second compounding with 95% PET,
resulting in a final elemental indium content of approximately 0.2 wt%.
The extrusion temperature and output were 300 °C and 0.8 kg/h,
respectively. The polymer was dried for 8 h at 140 °C before com-
pounding. Then, the extruded polymer was quenched down to room
temperature on a conveyor belt before being pelletized. Pellets were
ground with a rotor mill Pulverisette 14 (Fritsch, Germany), using liquid
nitrogen to cool the polymer. The resulting powder was sieved on a
vibratory shaker (Retsch, Germany) with stacked stainless-steel sieves
with pore sizes of 250 and 125 pm, and MPs fragments with diameters
125-250 pm were collected in-between. MPs fibers were produced as
described in Frehland et al. (2020) (Frehland et al., 2020). Metal
leaching from the plastics did not occur over the course of the extraction
tests, ensuring that the metal was a conservative tracer to measure
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microplastics during the extraction workflow but was easily recoverable
during microwave acid digestion and ICP-MS analysis (see Fig. S2 and
Section 2.4).

2.2. Model soil components and standard soils

For method development, representative materials of certain soil
subgroups (sand, silt, clay, non-lignified OM, lignified OM) were
selected covering a wide range of soil compositions and textures to
assess MPs recovery either alone or in mixtures. Soil subgroups included
sand (quartz, 0.1-0.6 mm), silt (quartz flour, <40 pm), clay (Montmo-
rillonite, Sigma Aldrich), non-lignified OM (wheat starch, Sigma
Aldrich), OM (wheat straw, dried, milled to 2 mm). Subgroup mixtures
of all representative soil components mentioned above (A: 2250 mg sand
+2250 mg silt + 500 mg clay, B: 2200 mg sand +2200 mg silt + 400 mg
clay + 200 mg non-lignified OM, C: all subgroups (B + 30 mg lignified
OM) were made to assess the recovery along the extraction chain.

For the examination of the method in real soils, three different
standard soils (LUFA, Germany) were selected including 1) LUFA 2.1
sand (86% sand, 11% silt, 3% clay and ca. 0.71% OM of the total mass.),
2) LUFA 2.4 sandy loam (33% sand, 41% silt, 26% clay and 2.03% OM)
and 3) LUFA 6S clayey loam (25% sand, 34% silt, 41% clay and 1.77%
OM) according to USDA. All samples were dried at 40 °C and passed
through a 2 mm sieve before spiked addition of MPs fragments and fi-
bers. Recovery rates were determined from triplicate extractions. A 2-
way ANOVA with interactions was performed in R Studio (Version
RStudio, 2022.02.0) and the TukeyHSD test was done to assess whether
groups differed from each other (significant differences p < 0.05). Spike
additions of a PET concentration of 0.1% of soil dry weight was chosen
due to Swiss Chemical Risk Reduction Ordinance (CHemRRV), which
limit the number of foreign plastic substances in compost and digestate
to 0.1% of the dry matter (VVEA, 2021).

2.3. Targeted MPs extraction procedures and assessment of extraction
workflow in soils

The development of tailored methods for each soil subgroup was
done systematically by testing each subgroup in sequence for MPs re-
covery rate and matrix removal efficiency. Each subgroup had a targeted
extraction treatment including physical (for sand, silt, clay), chemical
(for non-lignified and lignified OM), or biological (for lignified OM)
treatments. Subsequently, these individual extraction protocols were
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linked together for a sequential extraction protocol for mixtures of soil
subgroups or for standard soils. For this, 5 mg MPs (fragments or fibers)
were spiked into 5 g soil and select extraction treatments were applied,
where MPs recovery rates (triplicates) and the Filter Clearness Index
(FCI, duplicates) were determined. Additionally, 5 mg MPs were sus-
pended in water and the efficiency of the entire procedure without solids
was assessed to identify loss of MPs through the multi-step protocol.

To assess the FCI, a staining protocol with Nile Red (Sigma Aldrich)
for PET was developed, combining different approaches from the liter-
ature (Erni-Cassola et al., 2017; Konde et al., 2020; Lv et al., 2019) to
achieve a strong affinity of staining only for MPs, so that the natural
components do not fluoresce. Previous investigation has shown that the
amount of solution applied is irrelevant for the particle pixel brightness
(data not shown). Therefore, Nile Red (5 mg/L) dissolved in acetone was
dropped directly onto MPs placed on top of a stainless-steel filter, which
was then incubated in an oven at 75 °C for 30 min. The experimental
design is depicted in Fig. 1.

2.3.1. Removal of inorganic fractions with density, lipophilic and size
separation

For density and lipophilic separations, 250 mL separating funnels
were used which were marked with a pen on the outside of the glass
before extractions at 5 mL and 100 mL to expediate the procedure. NaBr
(p=1.55 g*cm’3) was used due to its non-toxicity (Liu et al., 2019), its
ability to be recycled and because it is less expensive than other solu-
tions used for density separation such as Sodium polytungstate hydrate
(SPH, p up to 2.25 g*cm’s) (Blasing and Amelung, 2018). Approxi-
mately 5 mL of NaBr solution (ca. 95 g/100 ml water, 25 °C or recycled
solution) was put into the funnel prior to soil addition to avoid clogging.
Dried soil subcomponents or soil samples (5 g) spiked with 5 mg
metal-doped PET were added with the help of a glass funnel to the
separatory funnel and the walls were rinsed with NaBr with a glass
pipette. The separatory funnel was then filled with NaBr-solution up to
the 100 mL mark and shaken manually for 1 min. The entire device was
subsequently ultrasonicated for 2 min and the solution was allowed to
settle for 10 min. The heavy fraction, which accumulated at the bottom
of the funnel and contained inorganic particles and NaBr solution, was
drained (but kept for reuse) until only 1-2 cm of liquid with the
light-density fraction remained. In cases where particles blocked the
separatory funnel outlet, a needle was used to release the clogged funnel
to drain the liquid. Approximately 5 mL of fresh NaBr solution was
added to the separatory funnel, where the process was repeated until no
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Fig. 1. Workflow of experimental design including 1. Method development with examination of 5 subgroups and mixtures and 2. Examination of the method with
LUFA standard soils 2.1 (sand), 2.4 (loam), 6 S (clay). The recovery rate was calculated by measuring Indium as a proxy for the (metal-doped) MPs. *The FCI was
assessed for the final extraction method with standard LUFA soils and PET particles.
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dense particles were observed at the outlet of the separatory funnel.
After separation was complete, the funnel was rinsed several times with
Milli-Q water and the effluent was filtered through cellulose filters
(MN-615, 55 mm, Macherey Nagel) with pore size of 4-12 pm to directly
measure the samples for Indium content or through stainless-steel filters
if further extraction steps are added.. At the end of each experiment, the
remaining NaBr solution was collected and filtered through 11 pm cel-
lulose filters to recycle the NaBr-solution. Before every new experi-
mental replicate, solution density was controlled, where 1 mL of NaBr
solution was weighted and if the density was below 1.50-1.55 g/mL,
additional NaBr salt was added until the target density was reached. For
the lipophilic extraction with oil, the same procedure was performed
with the difference that a mix of 100 mL Milli-Q water and 10 mL
rapeseed oil were used instead of NaBr solution.

For clay particles which remained in suspension during the density
separation step, stainless steel filters with mesh sizes of 48 pm and 20 ym
(custom-made, Rolf Korner GmbH, Germany) were used. The same
stainless-steel filters were also used to combine different extraction
steps, which was necessary for mixtures of the individual compounds
and for the final protocol. Hereafter this step is called “backflushing”,
where the remaining MPs (and other residues) from one extraction step
is washed back into the next vial with a spray bottle. To ensure minimal
loss of MPs during filtration, a filter setup was used that securely holds
the stainless-steel filter under vacuum, has no edges where the MPs
could be lost and could be easily removed with tweezers (see Fig. S1,
panel A).

2.3.2. Fenton’s reaction for starch elimination as a representative
component for non-lignified OM

Since various Fenton protocols have been recommended in literature
(Al-Azzawi et al., 2020), the first step was to evaluate the success of
wheat starch degradation without MPs by filtering the solution of starch
and Fenton’s reagent and weighing the dried cellulose filter after
different Fenton reactions (all variant data not shown). The protocol
which achieved a complete reduction in weight was selected for the final
protocol, where 2 g of starch was spiked with 5 mg PET to evaluate MPs
recovery rate during this step. The Fenton’s reaction was performed in
250 mL beakers where spiked samples from weigh trays were transferred
into the beaker with a spray bottle (maximum 5 mL Milli-Q water
addition). A magnetic stirrer (lab disc, VWR) was used to continuously
mix the solution. FeSO4 - 7 H20 (20 g/L) was adjusted to pH 3 with 2 M
HNOj3 (approximately 10 drops/100 mL) and 5 mL of this solution was
added to the beaker. To start the exothermic reaction, 5 mL of 30% H30-
(ROTIPURAN® p. a., ISO, stabilized, Carl Roth) was added after 2 min.
The temperature was constantly monitored with a thermometer over the
course of the 20 min degradation process and the vial was put into a
water bath if the reaction temperature exceeded 60 °C. The solution was
then ultrasonicated for 2 min, mixed with 200 mL Milli-Q water and
filtered through a stainless-steel filter to remove excess iron.

2.3.3. Isolation and cultivation of anaerobic fungi Neocallimastix frontalis
strain GBF20D4

The enzymes used to degrade lignocellulose were produced from the
strain Neocallimastix frontalis GBF20D4 which were isolated from
Chamois feces collected in the Alpine Forests in the Canton of Berne,
Switzerland in February 2020 using the methodology described in Joshi
et al. (2018) (Joshi et al., 2018). The medium used for isolation and
enrichment was comprised of (per liter) 3 g yeast extract, 10 g tryptone,
150 ml of solution 1 (0.3% KsHPO4), 150 ml of solution 2 [0.3%
KH2POy4, 0.6% (NH4)2SO04, 0.6%NaCl, 0.06% MgS04-7H20 and 0.06%
CaCly-2H50], 150 ml of depleted rumen fluid for enrichment (Leedle
and Hespell, 1980) or distilled water for routine cultivation, 10 ml of
trace element solution [0.025% MnCly-4H>0, 0.025% NiCly-6H50,
0.0285 NapsMoO4-2H20, 0.02% FeSO4-7H20, 0.005% CoCly-6H50,
0.004% NaySeOs, 0.003% NaVOs, 0.0026% ZnSO4-7H20, 0.0021%
CuCO4], 1 ml resazurin (0.1%), 1 ml hemin (0.05%), 6 g NaHCO3, 1 g
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L-cysteine-HCl, and 0.35 g of milled wheat straw (~2 mm) as a carbon
source in case of enrichment or 5 g of D-(4)-cellobiose for isolation.
During the enrichment and isolation, 0.1% v/v penicillin G sodium salt,
streptomycin sulphate, and ampicillin sodium salt (200 pg, 200 pg, and
100 pg/ml final concentration) were added to restrict bacterial growth.
To ensure sufficient growth in the absence of rumen fluid in the minimal
medium, 0.1% v/v cocktail of vitamin solution was added during the
cultivation [0.001% Thiamine HCI, 0.02% Riboflavin, 0.06% Calcium
pantothenate, 0.06% Niacin, 0.1% Nicotinamide, 0.005% Folic acid,
0.002% Cyanocobalamin, 0.02% Biotin, 0.01% Pyridoxamine, 0.01%
p-Aminobenzoic acid]. In preliminary analysis, visual inspection and
microscopic examinations were performed to study the morphological
traits of the isolate. For molecular identification, the genomic DNA was
extracted using the Plant/Fungi DNA Isolation kit (Sigma-Aldrich). The
D1/D2 region of Large-Subunit (LSU) rDNA was amplified using
NL1/NL4 primers (Edwards et al., 2017) and sequenced at Microsynth
(Switzerland). The GenBank BLASTn was used to perform the sequences
similarity search.

The morphological features and microscopic examination of the
anaerobic fungi strain GBF20D4 (accession number ON386248)
exhibited monocentric thallus and polyflagellated zoospores. Addition-
ally, the BLAST search of obtained LSU sequences (700-750 bp) showed
99.54% similarity with Neocallimastix frontalis strain SR4 (accession
number JN939158.1).

This strain GBF20D4 was sub-cultivated every week in 100 mL bottle
containing 45 mL of medium and 350 mg wheat straw and incubated at
39 °C. Before sub-cultivation, pressure in the vials was measured as a
quality check for successful growth, which should be approximately 1.2
bar + 0.4. Then 0.5 mL vitamin solution was added to new media bot-
tles. The enzyme solution was used after 5 days of growth, where 5 mL
media including extracellular enzymes were removed using a sterile
hypodermic needle (18G) and a 5 mL syringe under sterile conditions.

2.3.4. 3-F-Ultra method to degrade straw as a representative material for
lignified OM

A new method (3-F-Ultra) was developed to reduce the most recal-
citrant fraction in soil, i.e. lignocellulosic material including lignin. The
method consisted of 1) Fenton-start (radical attack with reactive oxygen
species (ROS)), 2) Fungal Enzymes (anaerobic fungi cultivation) and 3)
Fenton-end (radical attack with ROS), and ultrasonication in between.
To assess the method performance to degrade the model lignified OM,
30 mg of wheat straw (dried, milled to 2 mm) was incubated under
different conditions (pH, temperature, incubation time), where degra-
dation efficiency was measured by change in substate weight before and
after treatment. Cellulase (TXL) shows its optimal reaction activity at pH
5.0 and 50 °C (Loder et al., 2017). Therefore, these conditions were also
investigated. The pH was adjusted with nitric acid and pH was measured
with pH-paper.

The protocol which achieved the most extensive degradation of
straw by weight was used for the final protocol and straw was spiked
with 5 mg PET to evaluate the recovery rate in this process step. Here,
30 mg straw and 5 mg MPs were transferred with 5 mL of Milli-Q water
into a 250 mL beaker. The beaker was placed in an ultrasonic bath for 2
min and the material was subsequently exposed to reaction of Fenton-
start (20 min reaction + 10 min cooling). The solution was then
placed in an ultrasonic bath for 2 min. The liquid containing MPs was
rinsed through a stainless-steel filter (20 pm pore size) and the vessel
walls were rinsed thoroughly with Milli-Q water. The contents were
poured into a 5 mL Petri dish, into which 5 mL of AF-solution (media +
cultivated Neocallimastix frontalis GBF20D4 which produce extracellular
fungal enzymes) were added with a syringe under sterile conditions.
Glass petri dishes were wrapped with parafilm and incubated at 39 °C
for 9 days, continuously shaken at 70 rpm. The contents were poured
into a beaker using 5 mL of water to rinse, sonicated for 2 min, and then
treated with Fenton-end (solution was kept overnight for further reac-
tion with AF media, see section 3.2).
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Furthermore, a test was conducted where the same method (3-F-
Ultra) was applied to 30 mg wheat straw but incubated in water for 9
days instead of enzymes. Finally, the degradation rate of straw and the
recovery rate of MPs for 2-F-Ultra was tested, where the first Fenton
reaction was omitted.

2.4. Sample digestion and ICP-MS analysis to assess extraction workflow
performance

After the extraction of each step (soil sub-components, mixtures, or
model LUFA samples), MPs were collected on a cellulose filter (filtration
setup shown in Figure S1 B) and the filter and MPs were directly digested
in PTFE tubes (including 5 mL HNO3 (65%)) with the Turbowave
Simultaneous Automated Microwave Digestion System from MLS
GmbH. The digestion program was as follows: 1) pressure was increased
to 90 bar over the course of 20-30 min, 2) the temperature was ramped
from 25 °C to 100 °C over the course of 8 min and held for 4 min at
100 °C, 3) the temperature was further increased to 200 °C over the
course of 15 min and held at 200 °C for 30 min, 4) the pressure was
released from the vessel and was cooled down to 25 °C. After sample
digestion, the PTFE tubes were quantitatively rinsed with Milli-Q H»0
into a polypropylene Falcon tube and diluted to 50 mL (1:10). A further
sample dilution of 1:50 was performed to achieve suitable metal con-
centrations for subsequent ICP-MS analysis.

The Indium dopant in the MPs was measured with Inductively
Coupled Plasma - Mass Spectrometry (ICP-MS 7900, Agilent Technolo-
gies) featuring a coupled autosampler system (Agilent, SPS 4), micro-
MIST Nebulizer and nickel cones. All instrument parameters were
automatically tuned at the start of each day of analysis. An Indium
standard solution of 100 pg/L was prepared daily for final dilutions of 0,
0.1, 0.5, 1, 2.5, 5, 12.5 and 25 ppb for instrument calibration. Rhodium
(10 pg/1) was used as an internal standard across all measurements.

2.5. Quality assurance and quality controls (QA/QC)

To verify the accuracy of the measurement of Indium with ICP-MS,
the LUFA soils and filters were measured for possible Indium back-
ground. Additionally, the linear relationship between the MPs weight
and the Indium concentration was checked to ensure that the Indium
concentration was evenly distributed in the metal-doped PET fragments
and fibers. For this purpose, 2.5 mg, 5 mg, 10 mg PET MPs (in triplicates)
were weighed, digested and the Indium concentrations were analyzed
by ICP-MS (Fig. S2).

2.6. Extraction workflow selectivity for microplastics: image analysis and
Filter Clearness Index (FCI)

To evaluate the clearness of the filter after developing the final
extraction protocol, images of the filter were captured with a Leica
Stereomicroscope M205 in both brightfield (BF) and fluorescence light
(FL) (metadata in supplementary information). The fully motorized
fluorescence stereomicroscope collected an image of the entire filter (55
mm diameter), by scanning multiple mosaic images and merging them
together (metadata in Table S2). To achieve higher contrast between the
filter and particulate matter, cellulose filters were dyed with black
textile color (Rayher), where filters were sprayed and dried at 120 °C for
10 min and subsequently rinsed with water on both sides before use.
After the solution was filtered through the black cellulose filter, the
particles on it were fixed with a spray glue (Pattex, GlueSpray diluted in
H20) to minimize loss during transport and scanning with the
microscope.

To count particles in both bright field and fluorescence light, a pre-
trained Deep Learning approach (StarDist (Schmidt et al., 2018)) was
applied, which was able to detect particles and count them automati-
cally. StarDist, is a deep-learning-based method for 2D and 3D nucleus
detection which runs in the open-source program QuPath (Version
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0.3.1) (Bankhead et al., 2017). The trained model (dsb2018_hea-
vy_augment.pb) was downloaded from GitHub and the parameters were
adjusted as shown in Table S2. The detection channel was set to red for
FL and green for BF. This enabled the software to distinguish and count
particles that were in proximity. To ensure the same efficiency with all
images made from fluorescence light, the contrast of the RGB images
were modified (Image — Adjust —Brightness/Contrast — contrast to 85)
with ImageJ (Version 1.53f51). To evaluate the trained model, certain
regions of a test filter which contained both natural and MPs particles
were counted by eye and compared with the result from the model in BF
and FL. For this purpose, 10 small squares (1.6 mmz) and 10 large
squares (10 mm?) were randomly selected. To quantitatively assess the
ratio of MPs to natural particles on the filter after extraction, the Filter
Clearness Index (FCI) was calculated by dividing the number of MPs that
could be distinguished from natural particles after using a fluorescent
dye by the number of total particles in brightfield mode. The closer the
FCI was to 1, the fewer residual particles from the extraction process
were present, which would facilitate the subsequent quantification and
characterization of MPs in environmental samples.

2.7. Assessment of chemical changes to MPs after extraction workflow
with FTIR-ATR

To ensure plastics were not chemically altered throughout the
extraction workflow, MPs were analyzed with FTIR-ATR (PerkinElmer
Spectrum Version 10.03.09) before and after extraction. The spectra
were recorded over the wavenumber range of 600-4000 cm ™! using a
spectral resolution of 4 cm ™! with 20 scans (using MIR TGS detector and
Diamond/ZnSe Crystal) (Jung et al., 2018). The ATR spectra were pre-
processed online (smoothing, baseline correction, range selection) and
identified with Open Specy v0.9.3 (Cowger et al., 2020) to ensure
whether the identification of the spectra is still possible after the treat-
ment by comparing the spectra with the reference library (issued by the
Pearson’s r value).

3. Results and discussion

Extraction methods were developed for individual soil subgroup
models with the goals of maximum recovery rate of the MPs (section 3.1)
and maximum matrix elimination (section 3.2) without altering the
polymers (section 3.4). After the development of single extraction steps,
extraction chains were applied to subgroup mixtures before applying
them to three standard soils from LUFA with different soil textures and
OM contents, where the final method was evaluated based on the re-
covery rate and the FCI (section 3.3).

3.1. Targeted extraction protocols successfully extract PET fragments
from simple and complex soil mixtures

Recovery rates of MPs fragments and fibers quantified by Indium
measurements with ICP-MS were >90% for all single subgroup com-
ponents (Fig. 2A), except for the lipophilic separation with rapeseed oil,
which was not used further. Combining extraction steps to develop an
extraction chain for mixtures of soil subgroups (Fig. 2B) also lead to
recovery rates of >90%. Fig. 3 schematically shows the final extraction
protocol for soils including all subgroups. This final protocol using
density separation, filtration and 3-F-Ultra was also used for MPs spiked
in water, resulting in a recovery rate of 92.7% + 2.5, which indicates ca.
5-10% of fragments are lost solely from the number of MPs transfers
along the extraction chain opposed to being entrapped in the matrix. It is
hypothesized that backflushing filters may be the process step respon-
sible for the highest loss throughout the procedure.

Radford et al. (2021) also reported that the characteristics of the soil
medium is necessary to choose the optimal extraction method individ-
ually in soils (Radford et al., 2021). However, there the authors mixed
soil with varying levels of sand, silt, clay and OM (as compost) together
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Fig. 2. A) Recovery rates evaluated from Indium measurements by ICP-MS for single model subgroup components (sand, silt, clay, non-lignified OM, lignified OM) in
triplicate. The different colors represent the individual methods applied to the subgroup component. The Whisker plots show the median (crossed line), the 25-75%
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methods (density separation + filtration for sand, silt, clay/density separation + filtration + Fenton for sand, silt, clay, non-lignified OM/density separation +
filtration + 3-F-Ultra (final method, Fig. 3) for mixture of all subgroups and in water. (For interpretation of the references to color in this figure legend, the reader is

referred to the Web version of this article.)
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Fig. 3. Schematic overview of final method to isolate MPs from soil including all components (sand, silt, clay, OM). Nile red staining was afterwards directly carried
out on the stainless-steel filters. (For interpretation of the references to color in this figure legend, the reader is referred to the Web version of this article.)

in bulk and did not investigate them individually beforehand. The
approach used here has the advantage that the method can be broken
down into its component parts and bottlenecks for each step can be
identified and improved until 100% elimination of the matrix is ach-
ieved. By examining the properties of the soil a priori, a sample-specific
extraction chain can be selected, where, e.g., the 3-F Ultra method can
be omitted if small amount of OM is present in a sample (threshold to be
determined).

3.2. 3-F-Ultra method significantly reduces OM content when extracting
MPs from complex soil matrices

As current MPs extraction methods lack efficient approaches to suf-
ficiently degrade OM, a focus was placed in this area. The development
of the 3-F-Ultra (Fenton-start, incubation fungal enzymes, Fenton-end,
ultrasonication in between) was conducted with 30 mg of wheat straw
and the degradation efficiency was evaluated by weight loss. For the
incubation step with extracellular enzymes, different growth conditions
were examined where 9 days (39 °C, pH 7, no adjustment) lead to a
100% degradation of straw (i.e. complete liquidation of straw at the end
of the incubation period). With shorter incubation times or when the pH
was adjusted to 5, the straw was not completely degraded, including
Fenton at the beginning and end and ultrasonication in between. Per-
forming the same procedure (3-F-Ultra) without CAZymes in the media
(H20 instead) lead to a weight loss of only 55.5%, demonstrating that
incubation with anaerobic fungi is essential for the degradation of straw.

Complete straw degradation was only possible when the AF-media
was included in the Fenton-end reaction (when Fenton-end didn’t
include fungal media after incubation, the weight loss was only 59.7%).
With the addition of the AF medium in Fenton-end, the pH remained
neutral (as opposed to pH 3 as in the Fenton-start), and an increased
reaction with gas formation was observed, and so consequently the
Fenton-end was left overnight to completely react. Hemin, which is part
of the AF cultivation media, may be responsible for this higher catalytic
performance in straw degradation during Fenton-end. Hemin has
received attention in the field of catalysis, due to its biologically active
iron porphyrin molecule with peroxidase-like activity and high catalytic
performance (Jiang et al., 2016). Hemin plays a key function in the
redox processes of Ho02 activation, has been used to mimic natural en-
zymes (Han et al., 2018) and consequently may be responsible for the
complete degradation of straw in the final step of the 3-F-ultra method.
However, the role of hemin in Fenton-end, as well in AF cultivation
medium (Orpin and Greenwood, 1985) has not yet been clarified and
further investigations were beyond the scope of this work.

Nevertheless, it could be shown that previous incubation with en-
zymes produced by the AF is essential, as Fenton-end with medium alone
(without fungi) led only to a straw decomposition of 82.1%. After this
investigation, the truncated method “2-F-Ultra”, where the Fenton-start
step was omitted, was examined showing a degradation of straw be-
tween 99 and 100% (n = 3). Therefore, in future studies, the 2-F Ultra
method could be substituted for the elimination of straw, reducing
processing steps and time. However, it must be noted that organic
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matter is very light and even a high degradation of 99% still leaves vi-
sual residues on the filter, which may interfere with subsequent MPs
detection using pFTIR.

According to Hurley et al. (2018) oxidation strategy utilizing Fenton
reagent removed 80-87% of organics in sludge and 96-108% of organics
in soil (Hurley et al., 2018). Nevertheless, Moller et al. (2021) used a
similar protocol which did not lead to a complete removal of organic
matter and thus hampered p-FTIR measurements (Moller et al., 2021).
Here the authors critiqued that total organic matter content was eval-
uated by loss-on-ignition (LOI), which is not an appropriate method in
this instance, as inorganic material (e.g. CaCOg) also can be oxidized and
therefore lead to an overestimated reduction of OM. Instead, it was
proposed to measure the reduction of OM on the filter by weight. By
doing so, the authors reported an OM reduction of 77.2 + 6.6%, with
OM remaining on the filter. This study used nine steps in the final
extraction method (density separation with ZnCl,, SDS, Fenton, Prote-
ase, Pectinase, Viscozyme L, Cellulase, Fenton II, Density separation II)
and achieved recovery rates of 92% (23/25 MPs) for PET fibers and
fragments measured by pFTIR analysis. Loder et al. (2017) used a similar
enzymatic purification method for surface water samples, however, this
method also involved various individual enzyme steps with buffer
changes, which is complex, time-consuming and required a total incu-
bation period of up to 16 days (Loder et al., 2017). An overview of
different methods developed for soil samples including a comparison of
the recovery rate for PET and its limitations is shown in Table S3.

3.3. Evaluation of final method on standard soils by recovery rate and
particle removal efficiency by FCI

To test the applicability of the final method for different soil textures,
standard soils (LUFA 2.1, 2.4, 6S) were used to evaluate the recovery
rate and the matrix removal efficiency determined by the FCI value. The
mean recovery rate of MPs fragments (87.5 + 7.7%) was higher than
that of MPs fibers (73.7 + 7.5%). Only LUFA 2.1 showed no significant
difference between fibers and particles regarding recovery rate. For
LUFA 2.4 and 68, the recovery rate for fragments was higher than for
fibers. It can therefore be shown that the probability of fibers being lost
during this extraction chain is higher, potentially due to fibers being
entrapped in the soil matrix during the density separation step or
because of a larger likelihood of fibers flying away during backflushing.
The overall mean FCI value was 0.75 for PET fragments, with a
maximum value of 0.91 in LUFA 2.4. The result of the StarDist Model
verification is shown in Fig. S3 and an example is given in Fig. S4. The
pre-trained Deep Learning tool was easy to apply to our BF and FL im-
ages on black cellulose filters. The detection works for different particle
sizes and morphologies on the filter in both modes. This Deep Learning
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tool in QuPath thus brings advantages that the investigation of particle
removal efficiency can be performed faster, cheaper and on larger filters
(55 mm diameter) than with pFTIR (typically 25 mm diameter). This can
increase the efficiency of the filter examination in the method optimi-
zation phase, and, because of the high microscope resolution, visual
inspection of the filters can give an impression of what kinds of residues
remain on the filter.

The influence of soil texture on non-target (natural) particle removal
and recovery rate was demonstrated with the LUFA 2.1 sample. LUFA
2.1 had the lowest MPs recovery rate (79%) as well as the lowest FCI
(0.6) of all soils tested (Fig. 4). This soil contained mostly sand, which
frequently clogged the opening of the separating funnel. This led to a
suction effect when the sand particles were abruptly released with a
needle, creating turbulation and thus probably causing the MPs to slide
off with the inorganic fraction. Additionally, MPs may become stuck in
the small opening. Furthermore, for this soil type, the inorganic fraction
could not be completely eliminated even after multiple cleaning steps
during density separation. This inability to sufficiently reduce the
inorganic fraction during density separation was confirmed with visual
inspection of the filters and quantified with the lower FCI. Therefore, it
is worth considering whether larger separatory funnels or other glass
vessels (e.g. as described in (Nakajima et al., 2019)) would result in
higher recoveries and FCI for sandy soils, such as LUFA 2.1.

Monitoring MPs in soils to understand environmental exposure is an
important task. While the method presented here is still time-consuming
in terms of total number of days between the beginning and end of the
experimental protocol, this is mainly because of the incubation period,
which is a passive step without requiring active work from the
researcher. Notably, compared to other extraction methods which used
enzymes in an attempt to degrade organic matter, our one cocktail of
enzymes from CAZymes does not necessitate incubation changes, thus
reducing the active time required to manipulate samples and reduce the
probability of losing MPs through extra vessel transfers. To further
expedite the process, it is recommended to work with several samples in
series (e.g. by using several separating funnels at the same time).
Automation of the steps would be of great advantage but it is not yet
feasible.

3.4. Extraction protocol does not impede correct polymer chemical
identification

The evaluation of MPs fragments and fibers with FTIR-ATR before
and after the complete extraction procedure indicate that the treatments
do not hinder PET identification and thus do not alter the polymer
chemistry after the extraction treatment. The spectra could be identified
as PET after treatment with a Pearson’s r coefficient of 0.96 for PET
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particles and 0.98 for PET fibers (Fig. S5). While it is not anticipated that
the workflow would change the FTIR-ATR spectra of other plastics, this
would need to be assessed on a case-by-case basis.

3.5. Further strategies and suggestions for method optimization

The modular design of the MPs extraction workflow presented here
allows for the identification of bottlenecks and thus improvements can
be done to individual steps in the method to improve recovery and FCIL
These methods already show successful isolation of PET MPs from
complex standard soils with recovery rates up to 100% and FCI up to
0.91 (LUFA 2.4), but still have the potential to be improved to reduce
standard deviation in recovery rates and achieve equally high results for
all soil types. For example, the elimination of inorganic matter should be
improved to obtain a higher FCI for sandy soils. The small opening of the
separatory funnels leads to blockages, and MPs could also be lost in the
tight outlet. Therefore, instead of using separatory funnels for density
separation, a glass separator as described in Nakajima et al. (2019) could
help to avoid this issue in the future. NaBr solution can also be
substituted by e.g. SPH, if polymers with higher densities have to be
extracted.

The experiments performed here were only conducted with pristine
PET fragments and fibers in limited size fractions. Since MPs in the
environment consist of a wide variety of polymers, sizes and morphol-
ogies, additional model MPs, including weathered MPs, need to be
investigated in further studies. Of particular importance would be to
assess when MPs are embedded in soil aggregates, as this may influence
extraction and recovery rates. For example, by dispersing soil aggregates
with sodium hexametaphosphate before density separation, MPs trap-
ped in or covered by soil aggregates could be liberated for more efficient
extraction (Radford et al., 2021; Steinmetz et al., 2022). Furthermore, a
FCI threshold could be set to evaluate the sufficiency of extraction for
further measurements with non-doped MPs. This could be done with
chemical imaging instruments (e.g. pFTIR-microscope) with connected
fluorescent light. By attaching a LED with a specific wavelength to an
FTIR device (for fluorescence of Nile Red, ca. 490 nm), the filters could
be investigated after the here presented methods applied. To verify that
only MPs were measured on the device without residues, a comparison
between the result of the device and the Deep-Learning-Tool presented
here can be performed. Therefore, it is also important to further inves-
tigate the applicability of the staining method to other polymer types.
Nel et al. (2021) have also recommended polymer-specific staining (Nel
et al.,, 2021). Since the staining is done on a stainless-steel filter, a
multi-stage staining with different sequential Nile red solutions would
be a possible suggestion that needs to be tested.

4. Conclusions

The use of a wide variety of MPs extraction methods in different
studies creates associated biases and makes it difficult to directly
compare data on the occurrence and quantification in terms of number
or mass of MPs in soils. The aim of this work was to systematically
validate individual method steps for single soil subgroups, as soil texture
and contents may influence MPs extraction before chemical identifica-
tion and size analysis. By using metal-doped MPs fragments and fibers,
we were able to conduct a systematic study more easily, as we were able
to measure smaller MPs in a larger number of samples since we avoided
time-consuming processes such as pFTIR analysis. Recovery rates could
be accurately quantified thanks to the metal-doped MPs, even for a high
quantity of spiked MPs (0.1% of soil dry matter). Here, tailored methods
for individual model subgroups were developed and successfully linked
together to achieve high MPs recovery for both MPs fragments and MPs
fibers (88% and 74% respectively in standard LUFA soils) with minimal
natural residues remaining on the final sample filter. A particular
advantage of this method was that a cocktail of enzymes was produced
by cultivating anaerobic fungi, which were then incubated with the
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sample, so that no time-consuming buffer changes for single (costly)
enzymes needed to be conducted as has been suggested in previous
studies. Here, a nature-inspired solution was found using CAZymes to
hydrolyze a range of different carbohydrates and achieve a Fenton re-
action with higher catalytic activity to reduce OM. This eventually led to
100% degradation of high masses of lignin-containing straw (30 mg)
with the application of the 3-F Ultra method. While the transferability of
the extraction methods presented here should be assessed for other MPs
polymers and plastics (including weathered MPs), we have shown that
the characterization of soil texture and organic matter content may help
in selecting the best extraction steps for a given soil type. The approach
established here breaks down individual problems occurring in complex
soil matrices into their component parts, allowing specific optimizations
to be made and bottlenecks to be identified. These systematically
developed methods thus open new perspectives for the analysis of MPs
in soils and are a step towards future harmonization of MPs extraction
protocols in heterogenous solid samples.
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